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Horses are exquisitely sensitive to non-specific gastrointestinal disturbances as well as systemic and extraintestinal conditions related to gut health, yet minimal data are available
regarding the composition of the microbiota present in the equine stomach, small intestine,
and cecum and their relation to fecal microbiota. Moreover, there is minimal information
regarding the concordance of the luminal and mucosal microbial communities throughout
the equine gut. Illumina-based 16S rRNA gene amplicon sequencing of the luminal and
mucosal microbiota present in seven regions of the gastrointestinal tract of nine healthy
adult horses revealed a distinct compositional divide between the small and large intestines.
This disparity in composition was more pronounced within the luminal contents, but was
also detected within mucosal populations. Moreover, the uniformity of the gut microbiota
was much higher in the cecum and colon relative to that in the stomach, jejunum and ileum,
despite a significantly higher number of unique sequences detected in the colon. Collectively, the current data suggest that while colonic samples (a proxy for feces) may provide a
reasonable profile of the luminal contents of the healthy equine large intestine, they are not
informative with regard to the contents of the stomach or small intestine. In contrast to the
distinct difference between the highly variable upper gastrointestinal tract microbiota and
relatively uniform large bowel microbiota present within the lumen, these data also demonstrate a regional continuity present in mucosal microbial communities throughout the length
of the equine gut.
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Introduction
The equine gastrointestinal tract (GIT) is a remarkable organ system with a potential length
and volume in the adult horse of over 30 meters and 150 liters, respectively. As in other mammals, the different anatomic regions of the equine GIT are specialized to perform specific functions, and each compartment must function correctly and in concert with the other regions to
support the health of the animal. The stomach, divided into the non-glandular (dorsal) and

PLOS ONE | DOI:10.1371/journal.pone.0166523 November 15, 2016

1 / 17

A Microbiological Map of the Healthy Equine Gastrointestinal Tract

glandular (antral or pyloric) regions, typically contains ingesta needed to buffer the abundant
hydrochloric acid produced by gastric parietal cells. Some enzymatic digestion occurs in the
stomach and, owing to the acid-tolerant bacteria that reside there [1], fermentation begins as
well [2, 3]. The small intestines (i.e., duodenum, jejunum, and ileum), buffered to a near-neutral pH by pancreatic bicarbonate and hepatic bile, is the primary site of protein, soluble carbohydrate, and fat digestion and is also colonized by commensal microbial communities.
Considering the rapid transit through the small intestine and relatively liquid content however,
true colonization of the small intestine occurs primarily at the mucosal surface. Owing to its
role in water resorption, the contents of the large intestine are more solid and contain the highest bacterial densities; it is also the primary sight of fermentation, resulting in the production
of nutritionally beneficial short chain fatty acids (SCFAs) such as butyrate, propionate, and
acetate. Reflecting the different functions of the various anatomic regions, there are also differences in the rate of throughput [4], pH [5], available energy sources, and epithelial architecture
of each region.
In addition to differences in microbial composition between compartments of the equine
GIT, differences between the luminal and mucosal communities is also of clinical interest.
There are different means by which gut microbes can influence host physiology, including
contact-dependent and independent mechanisms. Recognition of the autochthonous microbiota and response by the host immune system requires direct contact, be it via M cell-mediated transcytosis or fractalkine-mediated sensing by dendritic cells [6]. In contrast, many
metabolites such as SCFAs and secondary bile acids produced by luminal microbes not in
direct contact with the epithelium have been shown to confer beneficial and detrimental
effects, respectively [7]. Thus, differences between compartments in the mucosal communities
could influence pathways mediated through direct contact mechanisms while differences in
luminal populations could be of greater clinical relevance to those pathways responding to
microbial metabolites produced in the gut lumen.
With the aforementioned differences in mind, the utility of fecal samples as a representative
sample of the gut microbiota is problematic. Considering both the exquisite sensitivity of
horses to gastrointestinal health and the high prevalence of vague diagnoses such as “colic”
and “microbial dysbiosis” in the clinical setting, it is critical to gain a more comprehensive
understanding of the microbial populations colonizing the GIT of healthy horses, in order to
differentiate abnormal microbial compositions. To generate a detailed profile of the healthy
gut microbiota, luminal contents and mucosal scrapings were collected from several regions
throughout the GIT of adult horses subjected to euthanasia for reasons unrelated to enteric
health and subjected to culture-independent characterization via 16S rRNA gene amplicon
sequencing. Bioinformatics and statistical analysis were used to identify and visualize differences between the microbiota present in different anatomic regions, as well as between luminal
and mucosal microbial communities.

Materials and Methods
Horses and sample collection
All samples were obtained from horses subjected to euthanasia at the University of Missouri
Veterinary Medical Teaching Hospital for reasons unrelated to gastrointestinal conditions,
during the months of April and May of 2015. Additionally, all horses were subjected to euthanasia for reasons unrelated to the current study. As such, all samples were collected post mortem and, per the University of Missouri, Institutional Animal Care and Use Committee
(IACUC), no IACUC approval was needed. Prior to euthanasia, horses underwent a physical
examination by a veterinary internal medicine specialist (equine), and were deemed to be free
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Table 1. Demographic data associated with horses included in the study.
#

Breed

Sex

Condition

Reason for euthanasia

1

24 April 15

Date of euthanasia

Age
6

Morgan

MC

WNL

Old wound

2

4 May 15

10

Quarter Horse

F

WNL

UHPH

3

5 May 15

12

Quarter Horse

F

WNL

UHPH

4

6 May 15

11

Quarter Horse

F

WNL

UHPH

5

7 May 15

15

Quarter Horse

MC

WNL

UHPH

6

15 June 15

10

Quarter Horse

F

WNL

Untrainable

7

17 June 15

8

Paint

MC

WNL

Untrainable

8

18 June 15

17

Quarter Horse

F

WNL

Untrainable

9

19 June 15

15

TWH

MC

WNL

Navicular disease

TWH, Tennessee Walking Horse; WNL, within normal limits; UHPH, unwanted healthy pasture horse
doi:10.1371/journal.pone.0166523.t001

of overt metabolic or intestinal disease. Owners were specifically queried regarding medical
treatments in the period preceding sample collection; no horses had received antibiotics or
anti-inflammatory medications in the three months preceding euthanasia. Horses enrolled in
the present study were of multiple breeds and ages, and included both females and castrated
males; Table 1 below provides details regarding the demographics.
Following euthanasia, performed according to the 2013 Guidelines for the Euthanasia of
Animals, horses were examined grossly post mortem for signs of intestinal or systemic disease.
Full-thickness samples of the gastrointestinal tract measuring approximately 25 cm2 were
excised from the following locations: dorsal (squamous epithelial) stomach, antral (glandular
epithelial) stomach, jejunum, ileum, cecum, ventral (ascending) colon, and dorsal (descending) colon. Care was taken to assure that gastrointestinal sample locations were similar
between horses. Representative luminal (digesta) samples were also obtained from the same
sampled locations, with dorsal colonic samples serving as a surrogate for feces. All samples
were collected and placed on ice within 30 minutes of euthanasia. Upon collection, luminal
contents were placed in 50 mL conical tubes and stored at -80˚C until DNA extraction was
performed. For mucosal samples, excised tissue from each region of the GIT was thoroughly
rinsed with sterile saline until all grossly visible digesta had been removed, and then stored at
-80˚C until DNA extraction was performed. Histopathological examination of all gastrointestinal segments of interest was undertaken to rule out morphologic changes in tissue architecture
related to disease.

DNA extraction
For extraction of luminal contents, a small portion was removed from the frozen sample
immediately prior to DNA extraction and the remaining sample was returned to the freezer.
For extraction of mucosal DNA, tissue sections were removed from the freezer and the epithelial surface was scraped vigorously with a sterile scalpel blade to collect material for extraction.
DNA was extracted using MoBio PowerFecal kits (Carlsbad, CA), according to the manufacturer’s recommendations, with minor adaptations due to equipment availability. Briefly, 0.25
mg of luminal contents or material collected via mucosal scrape was added to the dry bead
tube containing 750 μL of bead solution and gently vortexed. C1 solution was added, the sample briefly vortexed, and incubated at 65˚C for 10 minutes following the recommended protocol. Samples were shaken for 10 min. in a TissueLyser II (Qiagen, Venlo, Netherlands) at
30Hz. Samples were centrifuged at 13,000 × g for 1 min., the supernatant transferred to the
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provided 2 mL collection tube, and the remainder of the protocol was followed as recommended by the manufacturer. All samples were eluted in 100 μL solution C6.

Library construction and sequencing
16S rRNA gene amplicon library construction and sequencing were performed at the University of Missouri DNA Core facility. DNA concentration of samples was determined fluorometrically and all samples were normalized to a standard concentration for PCR amplification.
Bacterial/archaeal 16S rRNA gene amplicons were generated via amplification of the V4 hypervariable region of the 16S rRNA gene using single-indexed universal primers (U515F/806R)[8]
flanked by Illumina standard adapter sequences and the following parameters: 98˚C(3:00)+[98˚C(0:15)+50˚C(0:30)+72˚C(0:30)] × 25 cycles +72˚C(7:00). Amplicons were then pooled for sequencing using the Illumina MiSeq platform and V2 chemistry with 2×250 bp paired-end reads, as
previously described [9]. Samples returning greater than 1000 reads were included in the subsequent analyses. S1 Table shows the range, mean, median, and SD in coverage by sample site.

Informatics analysis
All informatics analysis was performed as previously described [10], at the MU Informatics
Research Core Facility. Briefly, assembly of DNA contigs was performed using FLASH software [11], and culled if found to be short after trimming for a base quality less than 31. De
novo and reference-based chimera detection and removal was performed using Qiime v1.8
[12] software, and remaining contiguous sequences were assigned to operational taxonomic
units (OTUs) via de novo OTU clustering and a criterion of 97% nucleotide identity. Annotation of selected OTUs was performed using BLAST [13] against the Greengenes database [14]
of 16S rRNA gene sequences and taxonomy. Principal component analyses were performed
using ¼ root-transformed OTU relative abundance data via a non-linear iterative partial least
squares algorithm, using an open access Excel macro available from the Riken Institute [15],
downloaded on August 10, 2015. Hierarchical clustering was performed via the unweighted
pair group method with arithmetic mean (UPGMA) and Bray-Curtis similarity indices, using
the Past 3.12 software package [16], downloaded on April 2, 2016.

Statistical analysis
Sequence and OTU richness and diversity indices were first tested for normality using the Shapiro-Wilk method; differences were then tested via one-way ANOVA or Kruskal-Wallis
ANOVA on ranks for normal and non-normal data respectively using SigmaPlot 12.3 (Systat
Software Inc., San Jose, CA); p values less than 0.05 were considered significant. Differences in
the overall composition of the different regions (stratified between luminal and mucosal samples) were tested via one-way PERMANOVA of ranked Bray-Curtis similarity indices using
the open access Past 3.12 software package [16].

Results
To determine if there were differences in the overall richness of microbial populations within
the lumen, or adherent to the mucosa, of different regions of the gut, the number of total
unique (i.e., distinct from all other sequences at a minimum of one base pair) sequences
detected was compared. Within the lumen of the GIT, there was a trend, albeit statistically
insignificant, toward greater numbers of unique sequences being detected in the large intestine
relative to the stomach and small intestine. Differences between the ventral or dorsal colon
and the stomach and small intestinal samples achieved statistical significance in several
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Fig 1. Richness of the luminal and mucosal equine gut microbiota. Bar charts showing the mean (± sem)
number of unique 16S rRNA gene amplicon sequences (A,B) or operational taxonomic units (OTUs; C,D)
detected in luminal contents (A,C) or mucosa (B,D) of samples collected from dorsal stomach (DS), antral
stomach (AS), jejunum (Je), ileum (Il), cecum (Ce), ventral colon (VC), or dorsal colon (DC) of nine healthy
adult horses. Bars within a chart marked with like letters are significantly different (p < 0.05, ANOVA).
doi:10.1371/journal.pone.0166523.g001

comparisons (Fig 1A). Comparisons of the richness (i.e., the total number of unique
sequences, regardless of distribution) of mucosal populations revealed a similar pattern
although the apparent richness was not as uniform across the gastric and small intestinal samples. Rather, the number of unique sequences recovered from the dorsal stomach samples was
comparable to that detected in the large intestinal samples, and the richness of mucosal populations declined gradually throughout the next several anatomic regions until increasing
abruptly in the large intestine (Fig 1B). While the number of unique amplicon sequences is
one commonly used metric of microbial richness, many of these sequences may differ only
slightly between closely related taxa. To account for this, the numbers of total operational taxonomic units (OTUs), or clusters of sequences sharing at least 97% nucleotide identity, were
also compared. Interestingly, the trend toward increased richness in the luminal contents of
the large intestines was reversed; greater numbers of OTUs were detected in the gastric and
small intestinal luminal samples relative to the cecal and colonic samples, although these differences did not reach statistical significance (Fig 1C). The pattern in number of OTUs
detected in mucosal samples collected from different regions of the GIT was similar to the
comparison of unique sequences (Fig 1D). Collectively, these data indicate that, while the true
richness of the microbial communities within the lumen are relatively low and stable within
the upper GIT and then increase in the lower GIT, the phylogenetic relatedness of microbiota
is greater in the lower GIT, suggesting environmental pressures selecting a subset of more
closely related microbes in the lumen of the large intestine. Conversely, the richness of mucosal populations followed a similar pattern regardless of whether the total number of unique
sequences or OTUs was compared. To account for the distribution of the detected taxa, Shannon (Fig 1E and Fig 1F) and Simpson (Fig 1G and Fig 1H) α-diversity indices were also determined. These indices are a function of both richness and evenness, with greater α-diversity
indicating a more even distribution. Notably, analysis via ANOVA with post hoc pairwise
comparisons detected multiple differences in both indices between the luminal contents in
regions of the upper and lower GIT. Alternatively, there were few differences in α-diversity
detected between mucosal samples from different segments of the GIT, the exception being
lower α-diversity in the jejunal mucosa as compared to the ventral and dorsal colonic mucosa.
To assess similarities and differences in community structure, stacked bar charts showing
the relative abundance of phyla were generated. Of the 27 different phyla detected across the
entire set of samples, the luminal contents of the upper GIT contained high proportions of
bacteria in the phyla Proteobacteria and Firmicutes, lower relative abundance of Cyanobacteria
and Bacteroidetes, and much lower relative abundance of the remaining 23 phyla (Fig 2A). The
composition of luminal contents changed substantially at the junction between the small and
large intestines to one dominated by Firmicutes and Bacteroidetes. The phyla Verrucomicrobia,
Tenericutes, Spirochaetes, and Fibrobacteres were detected at lower, but appreciable, relative
abundances in the cecal and colonic lumen of all horses. Subjectively, there was also greater
variability in the gastric and small intestinal samples relative to the cecal and colonic samples.
Interestingly, the division in community composition between upper and lower GIT was
much less evident in mucosal samples. With the exception of Cyanobacteria, all of the aforementioned phyla detected in the luminal contents were consistently detected on the mucosa of
all anatomic regions (Fig 2B). While the relative abundance of several phyla shifted between
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Fig 2. Relative abundance of phyla in luminal and mucosal equine gut microbiota. Bar charts showing relative abundance of phyla detected in luminal
contents (A) and mucosa (B) of samples collected from dorsal stomach, antral stomach, jejunum, ileum, cecum, ventral colon, and dorsal colon of nine
healthy adult horses, displayed in the same order in each chart and in each GIT region (animal IDs listed below bars). Samples returning fewer than 1000
sequences not shown; legend at right.
doi:10.1371/journal.pone.0166523.g002

regions of mucosa, those changes occurred somewhat gradually along the length of the GIT
and the transition from upper to lower GIT was much less distinct.
Resolved to the level of OTU, the luminal contents demonstrated a similar pattern. There
was an apparently abrupt change in the composition of luminal contents at the transition from
small to large intestines, and a more uniform composition in the cecal and colonic communities (Fig 3A). The most abundant taxa detected in the upper GIT included Lactobacillus sp.,
Streptococcus sp., Actinobacillus sp., Sarcina sp., and unclassified (UC) bacteria in the family
Enterobacteriaceae (i.e., UC family Enterobacteriaceae) and UC order Streptophyta. Alternatively, the composition was much less variable between horses within the lumen of the cecum,
and ventral and dorsal colon. Additionally, while certain OTUs accounted for very large proportions of the detected DNA within regions of the upper GIT, no single OTU made up more
than 35% of the overall DNA recovered from any lower GIT sample. Specifically, the most
abundant taxa detected in the cecum and colon included UC order Bacteroidales, Prevotella sp.
(primarily cecum and ventral colon), UC family RF16, genus CF231, UC order Clostridiales,
UC families Lachnospiraceae and Ruminococcaceae, Treponema sp., and UC family RFP12.
In contrast to the annotations at the phylum level, when resolved to the level of OTU, the
mucosal populations in the stomach and small intestines appeared similar to the luminal contents of those regions, and very distinct from the mucosal populations detected in the cecum
and colon (Fig 3B). Specifically, Lactobacillus sp. represented a dominant taxon accounting for
up to 74% of the DNA isolated from the antral stomach of one horse. Similarly, Actinobacillus
sp. was also found in high relative abundance of several mucosal samples from the upper GIT,
similar to the luminal contents. The composition of cecal and colonic mucosal communities,
at the OTU level, was very similar to those found in the lumen, with some exceptions. One
clear difference was a subjectively greater relative abundance of Desulfovibrio sp. on the cecal
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Fig 3. Relative abundance of operational taxonomic units in luminal and mucosal equine gut microbiota. Bar charts showing relative abundance of
operational taxonomic units (OTUs) detected in luminal contents (A) and mucosa (B) of samples collected from dorsal stomach, antral stomach, jejunum,
ileum, cecum, ventral colon, and dorsal colon of nine healthy adult horses, displayed in the same order in each chart and in each GIT region (animal IDs
listed below bars). Samples returning fewer than 1000 sequences not shown; dominant OTUs in upper gastrointestinal tract (GIT) labeled at upper right,
legend for dominant OTUs in lower GIT at lower right.
doi:10.1371/journal.pone.0166523.g003

mucosa, compensated for by a reduction in the proportion of Treponema sp. and unclassified
microbes in the UC order Clostridiales. In the ventral and dorsal colonic mucosa, a substantial
proportion of DNA was annotated to the archaea Methanobrevibacter sp. and Methanocorpusculum sp. A full list of all OTUs detected at greater than 0.01% mean relative abundance in the
luminal or mucosal samples of at least one region of the GIT are included in S2 Table and S3
Table, respectively.
While visual inspection of bar charts allows for identification and comparison of prominent
taxa, it is difficult to appreciate differences in the presence or relative abundance or rare
OTUs. In order to better assess compositional differences between samples, taking into
account all detected OTUs, principal component analysis was performed. Comparing first the
luminal contents of the various anatomic regions, samples formed two distinct clusters separated along principal component 1 (PC1, 52.88% variation) representing upper and lower GIT
respectively (Fig 4A). There was considerable β-diversity among the upper GIT samples along
both PC1 and PC2, while samples from the lower GIT clustered very tightly, indicating relatively high compositional similarity between cecal and colonic samples, as well as between
horses. Agglomerative hierarchical clustering was performed as a secondary evaluation of βdiversity (S1 Fig). Validating the PCA, samples from the upper and lower GIT formed two distinct branches of the dendrogram, as did samples from the dorsal colon. Statistical testing of
overall community differences between the luminal contents via PERMANOVA confirmed a
significant main effect of gut region (p = 0.0001; F = 16.45); pairwise comparisons indicated
that while the microbiota of the upper GIT did not differ between regions, the microbiota present in each region of the lower GIT lumen was significantly different from all other regions
(including other regions of the lower GIT (Table 2).
Regarding the mucosal samples, a similar pattern was observed although the separation
between upper and lower GIT was not as strong, with PC1 explaining 25.48% variation (Fig 4B).
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Fig 4. Separate principal component analysis of luminal and mucosal gut microbial populations.
Principal component analysis of microbial communities detected in luminal contents (A) and mucosa (B) of
samples collected from dorsal stomach, antral stomach, jejunum, ileum, cecum, ventral colon, and dorsal
colon of nine healthy adult horses; legend at right.
doi:10.1371/journal.pone.0166523.g004

Notably, mucosal samples collected from the cecum and two colonic regions separated
completely along PC2 (11.15% variation), indicating that there are region-specific features of
the mucosal microbiota that were not readily apparent in the luminal contents. Hierarchical

Table 2. Pairwise PERMANOVA of Bray-Curtis similarity indices between luminal samples.
DS
DS

AS

Jejunum

Ileum

Cecum

VC

DC

1

1

0.0084

0.0021

0.0042

0.0042

1

0.1176

0.0042

0.0021

0.0063

1

0.0021

0.0021

0.0042

0.0021

0.0021

0.0021

0.0042

0.0021

AS

2.1

Jejunum

1.42

1.255

Ileum

3.26

3.079

0.5826

Cecum

31.12

19.1

29.39

37.64

VC

34.01

20.42

31.71

41.21

4.137

DC

33.58

20.22

30.82

40.06

15.82

0.0021
6.917

Results of one-way PERMANOVA testing of ranked Bray-Curtis similarity indices between luminal microbiota samples in sequential regions of the equine
gastrointestinal tract. Bonferroni-corrected p values of pairwise comparisons shown in upper right with significant differences depicted in bold; F values
shown in lower left. DS = dorsal stomach, AS = antral stomach, VC = ventral colon, DC = dorsal colon.
doi:10.1371/journal.pone.0166523.t002
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Table 3. Pairwise PERMANOVA of Bray-Curtis similarity indices between mucosal samples.
DS
DS
AS

AS

Jejunum

Ileum

Cecum

VC

DC

1

0.0336

1

0.0084

0.0021

0.0189

0.2016

0.9786

0.0126

0.0105

0.0105

0.0588

0.0483

0.0588

0.0147

0.0063

0.1029

0.0651

0.021

0.9533

Jejunum

7.222

5.142

Ileum

1.363

2.358

3.508

0.1743

Cecum

9.03

10.02

17.3

6.567

VC

10

12.01

22.8

7.332

3.773

DC

8.066

9.514

16.58

4.916

9.083

0.0273
5.758

Results of one-way PERMANOVA testing of ranked Bray-Curtis similarity indices between mucosal microbiota samples in sequential regions of the equine
gastrointestinal tract. Bonferroni-corrected p values of pairwise comparisons shown in upper right with significant differences depicted in bold; F values
shown in lower left. DS = dorsal stomach, AS = antral stomach, VC = ventral colon, DC = dorsal colon.
doi:10.1371/journal.pone.0166523.t003

clustering reflected a similar relationship between samples with two main branches comprising
primarily upper and lower GIT samples respectively, although the separation was not as absolute
as with the luminal samples (S2 Fig). Again, testing via PERMANOVA detected a significant
effect of region on the microbiota (p = 0.0001; F = 7.277), and significant differences in the composition of the mucosal samples between certain regions of the upper and lower GIT although
those differences were not as complete as in the luminal samples (Table 3).
To evaluate compositional differences between luminal and mucosal microbial communities, PCA was also performed using all samples. While the luminal and mucosal samples collected from the upper GIT formed two distinct but slightly overlapping clusters when viewed
as PC1 versus PC2, all of the samples from the lower GIT were contained in a single small cluster (Fig 5A). Mucosal samples from the upper GIT were situated on PC1 midway between
luminal samples from the same anatomic regions and the cluster of samples from the lower
GIT. Viewed as PC1 versus PC3, the lower GIT samples again separated by anatomic region
with minimal discrimination between luminal and mucosal samples (Fig 5B). Collectively, the
PCAs above suggest that the composition of microbial communities within the stomach, jejunum, and ileum are distinct from those in the cecum and colon, and much more variable
between horses. Additionally, while there was no clear region-specific separation of either
luminal or mucosal samples from the upper GIT, samples collected from the lower GIT separated according to anatomic region suggesting subtle but consistent differences between the
microbial populations colonizing both the lumen and mucosa of the cecum, ventral colon, and
dorsal colon. Taking into account all samples, two-way PERMANOVA of ranked Bray-Curtis
similarity indices confirmed significant main effects of anatomic region (e.g., dorsal stomach,
antral stomach, p = 0.0001; F = 12.174) and sample collection (i.e., lumen versus mucosa,
p = 0.0001; F = 118.7), as well as a significant interaction between fixed variables (p = 0.0001;
F = 4.9469).

Discussion
The equine industry contributes roughly $39 billion in direct impact to the U.S. economy
annually, and an additional $60 billion in indirect or induced impact. Individually, horses are
among the most expensive companion animals to feed and maintain and, considering their
potential longevity, the lifetime cost of horse ownership easily exceeds that of all other companion species. In horses, non-specific abdominal pain or “colic” is one of the most common
causes of morbidity and mortality, with an estimated incidence of 4.2 events per horse per year
[17]. Case fatality rates vary among studies but have been calculated to be between 7% and
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Fig 5. Combined principal component analysis of luminal and mucosal gut microbial populations.
Principal component analysis of microbial communities detected in luminal contents and mucosa of samples
collected from dorsal stomach, antral stomach, jejunum, ileum, cecum, ventral colon, and dorsal colon of nine
healthy adult horses, shown as PC1 versus PC2 (A) and PC1 versus PC3 (B); legend at right.
doi:10.1371/journal.pone.0166523.g005

13% [17–19]. Considering the high incidence of these conditions in conjunction with the considerable expense of treating horses, the total annual economic impact of equine colic in the U.
S. was estimated to be over $115 million in 1998 and has surely increased since then [17]. It
should be noted that despite the term “colic”, signs of abdominal pain can originate from
other regions of the gut or other organ systems. Moreover, no etiology is determined in the
majority of cases [19, 20], although the most common clinical associations include gas colic
and feed-related issues [17, 21]. It is plausible that in many of the idiopathic cases, the underlying cause of discomfort, bloating, ileus, or other clinical signs may be related to changes in the
composition or function of the resident microbiota. Moreover, several other common disease
entities affecting the musculoskeletal [22, 23] and metabolic system [24] of horses are also intimately associated with the gastrointestinal microbiota. The majority of intestinal microbes are
refractory to culture and the ability to interrogate these rich and dynamic microbial communities using culture-independent methods has only recently become technically and economically feasible. Indeed, several groups have now described the composition of fecal [25–31] and
gastric [32] microbiota in healthy horses, as well as associations between specific conditions
affecting horses (such as laminitis [22], colic [31], and colitis [33]) and characteristic changes
in the fecal microbiota. That said, there are still many uncertainties regarding the healthy
equine gut microbiota including the composition of the gastric and small intestinal microbiota
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in relation to that colonizing the cecum and colon, and the composition of mucosal communities in relation to the luminal contents. For the purposes of diagnosing and treating upper GI
disturbances related to the gut microbiota (GM), these differences may very well be of clinical
relevance.
The present data agree with previous findings [30] in that, with regard to luminal microbial
populations, there are two distinct regions of the equine gastrointestinal tract. The microbial
composition within the upper GIT, represented here by the stomach, jejunum, and ileum, was
highly variable between horses, and between regions within the same horse. While many of the
same dominant taxa (e.g., Actinobacillus sp. and Lactobacillus sp.) were detected in these
regions across all horses, the relative abundance varied substantially. This likely reflects both
the relatively high rate of throughput in the upper GIT, and the constant introduction of environmental bacteria present in the feed and forage. Supporting this, the upper GIT contained
abundant α-Proteobacteria, common in environmental samples. Conversely, the luminal contents of the lower GIT, i.e., the cecum and colon, were remarkably similar between horses
despite the variable history, breed, and age of the horses included in the study. It merits
emphasis that, despite the lack of uniformity within the lumen of regions of the upper GIT, the
luminal and mucosal populations of the lower GIT were remarkably uniform, suggesting that
the cecal and colonic microbial populations are stable and affected only minimally by differences higher in the GIT. Due to logistical constraints, all horses spent at least 18 hours in the
University of Missouri, Veterinary Medical Teaching Hospital equine clinic prior to euthanasia. Thus, while some normalization in the composition of the GM may have occurred owing
to the common environment preceding sample collection as well as the fact that all horses
resided in rural Missouri, it is doubtful that the common feed and housing conditions for such
a short period of time could induce such a uniform microbial composition in horses of multiple ages, breeds, and backgrounds.
The data presented here are also supported by their agreement with previous analyses of the
equine gut microbiota performed using 16S rRNA gene sequencing methods, although there
are also differences worthy of mention. Several studies applying next-generation sequencing
methods to healthy equine hindgut samples have detected Firmicutes-dominated microbial
profiles, followed in relative abundance by some combination of Bacteroidetes, Proteobacteria,
or Verrucomicrobia as the second and third most prevalent phyla, depending on the study [22,
26, 31, 33]. In all of these studies, bacteria in the phylum Firmicutes outweighed the next most
common phylum by a ratio of 4:1 or greater, in contrast to the present data wherein the Firmicutes to Bacteroidetes ratio was approximately 1:1 in all horses. These discrepancies can be
explained by several possible factors including geographic location, breed, and husbandry of
the horses, as well as methodological differences such as DNA extraction technique and
sequencing platform. It is doubtful that this difference in sequencing platform accounts for the
difference in detected phyla as one group has utilized both systems [29, 30, 33, 34] with samples collected from horses in a similar environment, and generated comparable results. Of
note however, studies performed by Dougal et al. [27, 28], using samples obtained from different groups of horses located in Michigan and the UK respectively, detected a Firmicutes to Bacteroidetes ratio similar to that reported here. Thus, the differences in detected Firmicutes to
Bacteroidetes ratio may be a function of geographic location, thus indicating a substantial
range of values in the healthy equine hindgut. This is further supported by comparison of the
current data to that generated in the similarly designed study performed in Ontario, Canada.
While the extraction chemistry and primer set varied slightly from those used here, sequencing
of the same 16S rRNA gene region detected a Firmicutes-dominated hindgut[30]. Alternatively, such variance may be attributable to seasonal effects on forage and thus the GM.
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Considering the proposed concept of a “core” fecal microbiota in horses, i.e., a group of
OTUs that are detected at greater than 0.1% relative abundance in all [27] or a majority [35] of
samples, 87 and 98 OTUs were detected at greater than 0.1% mean relative abundance in the
lumen and mucosa of the dorsal colon respectively (a surrogate for feces). Of those, 68 and 42
OTUs respectively were detected in all nine samples, 41 of those being shared between the
luminal and mucosal samples. Comparison of these numbers to existing literature however is
problematic as they are dependent on sequencing coverage and the resolution afforded by the
primer set.
Progressing to more proximal regions of the GIT, the cecum appears very similar compositionally to the ventral and dorsal colon, although the relative abundance of certain OTUs shifts
throughout the length of the GIT. Conversely, the ileum appears in stark contrast to the hindgut, suggesting a dramatic shift in the community architecture. Moreover, the agreement
between horses is much less in the upper GIT, as evidenced by the distribution of those samples on PCA. These data are in agreement with the findings of Dougal et al. who found that,
while samples from the cecum, various colonic regions, and feces were intermingled in a hierarchical clustering analysis, ileal samples formed a separate branch of the dendrogram [27].
Thus, the ileocecal junction represents a transition zone within the equine GIT, leading to a
more uniform microbial community. The reason for this stark shift in the composition and
uniformity of the luminal microbiota is unclear but is likely due, at least in part, to the change
in throughput as ingesta reach the hindgut. In the foregut, transit is relatively rapid whereas in
the hindut, transit slows considerably. Additionally, there are surely differences in substrate
availability between the upper and lower GIT; as most dietary macromolecules are absorbed in
the jejunum, the bacteria present in the hindgut become more reliant on fermentation of nondigestible carbohydrates. Regarding the greater variability between horses in the composition
of the upper GIT microbiota, it must also be considered that an occult condition, undetected
during the physical, gross, and histological examinations, influenced the results. While the
screening criteria for inclusion was intended to eliminate horse with gastrointestinal disease,
certain sub-clinical conditions could ostensibly affect the GM while being undetected during
physical and histological examination to screen subjects.
Regarding the equine gastric microbiota, there is limited available literature describing culture-independent studies of the equine gastric microbiota. Yuki et al. performed an informative analysis of the Lactobacillus spp. colonizing the epithelium of the equine stomach,
however isolates were first selected via culture methods [1]. Subsequent studies using biopsy
material collected from the stomach of six healthy horses and subjected to 16S rRNA gene pyrosequencing revealed a rich microbiota comprising many more taxa than Lactobacillus spp.
[32] Supporting the current data set, that study identified no apparent microbial differences
between the glandular and nonglandular regions of the stomach.
There are, of course, limitations to the present study including the relatively small sample
size and the inability to control for multiple variables of potential import such as diet, sex, age,
and activity level. While all of these variables have been documented to influence the composition of GM in humans [36–40], little is known regarding the effect of these variables in equine
samples. Willing et al. used terminal-restriction fragment length polymorphism analysis in
combination with sequencing to demonstrate the energy-rich forage diets led to decreased
abundance of lactic acid bacteria and certain Streptococcus spp. [25] but, to the authors’ knowledge, there are no comparable published data generated with next-generation sequencing.
Similarly, in the current study and the previous work of Costa et al. [30] wherein horses of
both sexes were analyzed, no sex-dependent differences were noted.
Another limitation to the present study, as well as the referenced surveys of the equine GM,
is the limited resolution and relative abundance of taxa provided by 16S rRNA gene amplicon
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sequencing. In contrast to whole genome shotgun sequencing, targeted sequencing of 16S
rRNA gene libraries can only discriminate microbial taxa down to the level of species but most
sequences are annotated to only the level of genus or family. Thus, while robust changes in the
composition of polymicrobial communities may be detected with excellent reproducibility,
changes within certain unresolved taxa could go undetected. Additionally, both targeted and
whole genome sequencing methods report the relative abundance of detected taxa and absolute quantification of any given taxa requires different methodologies.
Lastly, while the material collected from any given segment of the GIT appeared relatively
homogenous, it is possible that the 250 mg collected for analysis may not be representative of
the region. The multiple technical replicates needed to answer those questions would have
been prohibitively expensive and, based on the inter-subject agreement between those regions
harboring the highest microbial densities, of limited value. Similarly, the data reported herein
represent a relatively low sample size, particularly in the upper GIT mucosa, owing to the failure of several samples to amplify and sequence well. Thus, this relatively low sample size may
have reduced our ability to detect differences between regions in the upper GIT, particularly
the jejunum.
While the above data provide a detailed profile of the microbial populations present
throughout the length of the equine GIT, additional studies are needed to determine the effect
of geographical and seasonal differences in sample collection. Moreover, the associations
between various conditions (e.g., colic, laminitis, and obesity/insulin dysregulation) and characteristic shifts in the composition of the equine GM need to be reproduced and examined for
causality. Approaches such as longitudinal fecal sampling of horses at an increased risk of such
conditions, or fecal bacteriotherapy of affected horses with microbial samples collected from
healthy donors would begin to answer those questions. Once any such causal relationships are
found, targeted analysis of the metabolome or proteome could be used to develop improved
diagnostic and therapeutic approaches.
Collectively, the data presented above suggest that while fecal samples may provide a reasonable profile of the luminal contents of the equine large intestine, the dorsal colon microbiota is nonetheless significantly different from that present in the cecum and ventral colon,
and is entirely uninformative with regard to the contents of the stomach or small intestine.
Moreover, in contrast to the distinct difference between the highly variable upper gastrointestinal tract microbiota and relatively uniform large bowel microbiota present within the lumen,
there is a regional continuity present in mucosal microbial communities throughout the length
of the equine gut.

Supporting Information
S1 Fig. Hierarchical clustering of luminal samples. Unweighted pair group method with
arithmetic mean (UPGMA) of Bray-Curtis similarity indices between luminal microbiota
detected in the dorsal stomach (DS), antral stomach (AS), jejunum (Jej), ileum (Ile), cecum
(Cec), ventral colon (VC), and dorsal colon (DC) of nine healthy adult horses. Cophenetic correlation = 0.9516.
(TIF)
S2 Fig. Hierarchical clustering of mucosal samples. Unweighted pair group method with
arithmetic mean (UPGMA) of Bray-Curtis similarity indices between mucosal microbiota
detected in the dorsal stomach (DS), antral stomach (AS), jejunum (Jej), ileum (Ile), cecum
(Cec), ventral colon (VC), and dorsal colon (DC) of nine healthy adult horses. Cophenetic correlation = 0.8263.
(TIF)
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S1 Table. Summary statistics of coverage for all samples included in the analysis.
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S2 Table. Operational taxonomic units detected at greater than 0.01% mean relative abundance in luminal samples from any single region of the gastrointestinal tract.
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(XLSX)

Acknowledgments
The authors would like to acknowledge William Spollen for assistance in uploading sequence
data to the NCBI SRA, and Karen Clifford for assistance in formatting of figures.

Author Contributions
Conceptualization: ACE PJJ.
Data curation: ACE.
Formal analysis: ACE.
Funding acquisition: ACE PJJ.
Investigation: ACE PJJ MAL SCP HRL.
Methodology: ACE PJJ.
Project administration: ACE PJJ.
Resources: ACE PJJ.
Supervision: ACE PJJ.
Visualization: ACE.
Writing – original draft: ACE.
Writing – review & editing: ACE PJJ MAL SCP HRL.

References
1.

Yuki N, Shimazaki T, Kushiro A, Watanabe K, Uchida K, Yuyama T, et al. Colonization of the stratified
squamous epithelium of the nonsecreting area of horse stomach by lactobacilli. Appl Environ Microbiol.
2000; 66(11): 5030–5034. PMID: 11055960

2.

Varloud M, Fonty G, Roussel A, Guyonvarch A, Julliand V. Postprandial kinetics of some biotic and abiotic characteristics of the gastric ecosystem of horses fed a pelleted concentrate meal. Journal of animal science. 2007; 85(10): 2508–2516. doi: 10.2527/jas.2006-182 PMID: 17526660

3.

de Fombelle A, Varloud M, Goachet A-G, Jacotot E, Philippeau C, Drogoul C, et al. Characterization of
the microbial and biochemical profile of the different segments ofthe digestive tract in horses given two
distinct diets. ANIMAL SCIENCE-GLASGOW THEN PENICUIK. 2003; 77(2): 293–304.

4.

Van Weyenberg S, Sales J, Janssens GPJ. Passage rate of digesta through the equine gastrointestinal
tract: A review. Livest Sci. 2006; 99(1): 3–12.

5.

Mackie RI, Wilkins CA. Enumeration of anaerobic bacterial microflora of the equine gastrointestinal
tract. Appl Environ Microbiol. 1988; 54(9): 2155–2160. PMID: 3190223

6.

Maynard CL, Elson CO, Hatton RD, Weaver CT. Reciprocal interactions of the intestinal microbiota and
immune system. Nature. 2012; 489(7415): 231–241. doi: 10.1038/nature11551 PMID: 22972296

PLOS ONE | DOI:10.1371/journal.pone.0166523 November 15, 2016

15 / 17

A Microbiological Map of the Healthy Equine Gastrointestinal Tract

7.

Brestoff JR, Artis D. Commensal bacteria at the interface of host metabolism and the immune system.
Nat Immunol. 2013; 14(7): 676–684. doi: 10.1038/ni.2640 PMID: 23778795

8.

Caporaso JG, Lauber CL, Walters WA, Berg-Lyons D, Lozupone CA, Turnbaugh PJ, et al. Global patterns of 16S rRNA diversity at a depth of millions of sequences per sample. Proc Natl Acad Sci USA.
2011; 108 Suppl 1: 4516–4522.

9.

Ericsson AC, Davis JW, Spollen W, Bivens N, Givan S, Hagan CE, et al. Effects of vendor and genetic
background on the composition of the fecal microbiota of inbred mice. PloS one. 2015; 10(2):
e0116704. doi: 10.1371/journal.pone.0116704 PMID: 25675094

10.

Hart ML, Meyer A, Johnson PJ, Ericsson AC. Comparative evaluation of DNA extraction methods from
feces of multiple host species for downstream next-generation sequencing. PloS one. 2015;in press.

11.

Magoc T, Salzberg SL. FLASH: fast length adjustment of short reads to improve genome assemblies.
Bioinformatics. 2011; 27(21): 2957–2963. doi: 10.1093/bioinformatics/btr507 PMID: 21903629

12.

Kuczynski J, Stombaugh J, Walters WA, Gonzalez A, Caporaso JG, Knight R. Using QIIME to analyze
16S rRNA gene sequences from microbial communities. Current protocols in bioinformatics / editoral
board, Andreas D Baxevanis [et al]. 2011;Chapter 10: Unit 10 17.

13.

Altschul SF, Madden TL, Schaffer AA, Zhang J, Zhang Z, Miller W, et al. Gapped BLAST and PSIBLAST: a new generation of protein database search programs. Nucleic Acids Res. 1997; 25(17):
3389–3402. PMID: 9254694

14.

DeSantis TZ, Hugenholtz P, Larsen N, Rojas M, Brodie EL, Keller K, et al. Greengenes, a chimerachecked 16S rRNA gene database and workbench compatible with ARB. Appl Environ Microbiol. 2006;
72(7): 5069–5072. doi: 10.1128/AEM.03006-05 PMID: 16820507

15.

Tsugawa H. Platform for Riken Metabolomics 2016. Available from: http://prime.psc.riken.jp/
Metabolomics_Software/StatisticalAnalysisOnMicrosoftExcel/index.html.

16.

Hammer O. Past 3.x 2016. Available from: http://folk.uio.no/ohammer/past/.

17.

Traub-Dargatz JL, Kopral CA, Seitzinger AH, Garber LP, Forde K, White NA. Estimate of the national
incidence of and operation-level risk factors for colic among horses in the United States, spring 1998 to
spring 1999. Journal of the American Veterinary Medical Association. 2001; 219(1): 67–71. PMID:
11439773

18.

Hillyer MH, Taylor FG, French NP. A cross-sectional study of colic in horses on thoroughbred training
premises in the British Isles in 1997. Equine veterinary journal. 2001; 33(4): 380–385. PMID: 11469771

19.

Kaneene JB, Miller R, Ross WA, Gallagher K, Marteniuk J, Rook J. Risk factors for colic in the Michigan
(USA) equine population. Preventive veterinary medicine. 1997; 30(1): 23–36. PMID: 9234409

20.

Tinker MK, White NA, Lessard P, Thatcher CD, Pelzer KD, Davis B, et al. Prospective study of equine
colic incidence and mortality. Equine veterinary journal. 1997; 29(6): 448–453. PMID: 9413717

21.

Cohen ND, Gibbs PG, Woods AM. Dietary and other management factors associated with colic in
horses. Journal of the American Veterinary Medical Association. 1999; 215(1): 53–60. PMID: 10397066

22.

Steelman SM, Chowdhary BP, Dowd S, Suchodolski J, Janecka JE. Pyrosequencing of 16S rRNA
genes in fecal samples reveals high diversity of hindgut microflora in horses and potential links to
chronic laminitis. BMC veterinary research. 2012; 8: 231. doi: 10.1186/1746-6148-8-231 PMID:
23186268

23.

Milinovich GJ, Trott DJ, Burrell PC, Croser EL, Al Jassim RA, Morton JM, et al. Fluorescence in situ
hybridization analysis of hindgut bacteria associated with the development of equine laminitis. Environmental microbiology. 2007; 9(8): 2090–2100. doi: 10.1111/j.1462-2920.2007.01327.x PMID: 17635552

24.

Respondek F, Myers K, Smith TL, Wagner A, Geor RJ. Dietary supplementation with short-chain fructooligosaccharides improves insulin sensitivity in obese horses. Journal of animal science. 2011; 89(1):
77–83. doi: 10.2527/jas.2010-3108 PMID: 20870952

25.

Willing B, Voros A, Roos S, Jones C, Jansson A, Lindberg JE. Changes in faecal bacteria associated
with concentrate and forage-only diets fed to horses in training. Equine veterinary journal. 2009; 41(9):
908–914. PMID: 20383990

26.

Shepherd ML, Swecker WS Jr., Jensen RV, Ponder MA. Characterization of the fecal bacteria communities of forage-fed horses by pyrosequencing of 16S rRNA V4 gene amplicons. FEMS Microbiol Lett.
2012; 326(1): 62–68. doi: 10.1111/j.1574-6968.2011.02434.x PMID: 22092776

27.

Dougal K, de la Fuente G, Harris PA, Girdwood SE, Pinloche E, Newbold CJ. Identification of a core
bacterial community within the large intestine of the horse. PloS one. 2013; 8(10): e77660. doi: 10.
1371/journal.pone.0077660 PMID: 24204908

28.

Dougal K, Harris PA, Edwards A, Pachebat JA, Blackmore TM, Worgan HJ, et al. A comparison of the
microbiome and the metabolome of different regions of the equine hindgut. FEMS microbiology ecology. 2012; 82(3): 642–652. doi: 10.1111/j.1574-6941.2012.01441.x PMID: 22757649

PLOS ONE | DOI:10.1371/journal.pone.0166523 November 15, 2016

16 / 17

A Microbiological Map of the Healthy Equine Gastrointestinal Tract

29.

Schoster A, Mosing M, Jalali M, Staempfli HR, Weese JS. Effects of transport, fasting and anaesthesia
on the faecal microbiota of healthy adult horses. Equine veterinary journal. 2015.

30.

Costa MC, Silva G, Ramos RV, Staempfli HR, Arroyo LG, Kim P, et al. Characterization and comparison of the bacterial microbiota in different gastrointestinal tract compartments in horses. Veterinary journal. 2015; 205(1): 74–80.

31.

Weese JS, Holcombe SJ, Embertson RM, Kurtz KA, Roessner HA, Jalali M, et al. Changes in the faecal
microbiota of mares precede the development of post partum colic. Equine veterinary journal. 2015; 47
(6): 641–649. doi: 10.1111/evj.12361 PMID: 25257320

32.

Perkins GA, den Bakker HC, Burton AJ, Erb HN, McDonough SP, McDonough PL, et al. Equine stomachs harbor an abundant and diverse mucosal microbiota. Appl Environ Microbiol. 2012; 78(8): 2522–
2532. doi: 10.1128/AEM.06252-11 PMID: 22307294

33.

Costa MC, Arroyo LG, Allen-Vercoe E, Stampfli HR, Kim PT, Sturgeon A, et al. Comparison of the fecal
microbiota of healthy horses and horses with colitis by high throughput sequencing of the V3-V5 region
of the 16S rRNA gene. PloS one. 2012; 7(7): e41484. doi: 10.1371/journal.pone.0041484 PMID:
22859989

34.

Costa MC, Stampfli HR, Arroyo LG, Allen-Vercoe E, Gomes RG, Weese JS. Changes in the equine
fecal microbiota associated with the use of systemic antimicrobial drugs. BMC veterinary research.
2015; 11: 19. doi: 10.1186/s12917-015-0335-7 PMID: 25644524

35.

MM OD, Harris HM, Jeffery IB, Claesson MJ, Younge B, PW OT, et al. The core faecal bacterial microbiome of Irish Thoroughbred racehorses. Letters in applied microbiology. 2013; 57(6): 492–501. doi: 10.
1111/lam.12137 PMID: 23889584

36.

Markle JG, Frank DN, Mortin-Toth S, Robertson CE, Feazel LM, Rolle-Kampczyk U, et al. Sex differences in the gut microbiome drive hormone-dependent regulation of autoimmunity. Science. 2013; 339
(6123): 1084–1088. doi: 10.1126/science.1233521 PMID: 23328391

37.

Yurkovetskiy L, Burrows M, Khan AA, Graham L, Volchkov P, Becker L, et al. Gender bias in autoimmunity is influenced by microbiota. Immunity. 2013; 39(2): 400–412. doi: 10.1016/j.immuni.2013.08.013
PMID: 23973225

38.

Mariat D, Firmesse O, Levenez F, Guimaraes V, Sokol H, Dore J, et al. The Firmicutes/Bacteroidetes
ratio of the human microbiota changes with age. BMC microbiology. 2009; 9: 123. doi: 10.1186/14712180-9-123 PMID: 19508720

39.

Wu GD, Chen J, Hoffmann C, Bittinger K, Chen YY, Keilbaugh SA, et al. Linking long-term dietary patterns with gut microbial enterotypes. Science. 2011; 334(6052): 105–108. doi: 10.1126/science.
1208344 PMID: 21885731

40.

Conlon MA, Bird AR. The impact of diet and lifestyle on gut microbiota and human health. Nutrients.
2015; 7(1): 17–44.

PLOS ONE | DOI:10.1371/journal.pone.0166523 November 15, 2016

17 / 17

